ABSTRACT: Zooplankton sloppy feeding releases high-quality dissolved organic matter, which is readily used by microbes. We hypothesized that in phosphorus (P) limited environments, released dissolved DNA may be a particularly important source of P for bacteria. In an incubation experiment with water from the Bothnian Bay, Sweden, we investigated the short-term effect of copepod feeding activity on bacterial production, DNA uptake and phosphatase activity. Consistent patterns in bacterial activity measures suggested that copepod feeding activity stimulated phosphatase activity, DNA uptake and production. The P taken up as dissolved DNA exceeded cellular P requirements. We speculate that bacterioplankton cells in the Bothnian Bay store excess P intracellularly during times of extensive sloppy feeding, which may then subsequently be utilized to prevent P limitation of growth.
INTRODUCTION
Pelagic food webs are often complex, with many direct interactions between organisms, as well as indirect connections, for example, through trophic cascades initiated by predator activities (e.g. Stibor et al. 2004) . This implies that dynamics of animals and microbes within pelagic food webs are often linked (e.g. Jumars et al. 1989) , for instance, through the generation of bioavailable dissolved organic matter (DOM) by animal activity (e.g. Hansson & Norrman 1995 , Møller et al. 2003 or death (e.g. Titelman et al. 2006) .
Zooplankters contribute substantial amounts of DOM to the environment through sloppy feeding (e.g. Lampert 1978 , Strom et al. 1997 and by excretion and leakage from their fecal pellets (e.g. Jumars et al. 1989 , Urban-Rich 1999 . The extent of sloppy feeding depends on the predator:prey size ratio (Møller 2005 (Møller , 2007 and probably also on prey morphology. Although highly variable (reviewed in Møller 2005) , as much as 60 to 95% of the particulate organic carbon (POC) removed from suspension may be returned to the surroundings through sloppy feeding (Roy et al. 1989 , Møller & Nielsen 2001 . DOM leakage from fecal pellets and sedimentation represents smaller losses (Møller et al. 2003 ).
The importance of sloppy feeding as a resource for the microbial food web depends on the quality of the DOM produced and on the nutrient limitations of the bacteria. Several authors have traced incorporation of copepod-(e.g. Møller & Nielsen 2001) and jellyfish-produced (e.g. Hansson & Norrman 1995) dissolved organic carbon (DOC) into bacterial growth. In contrast, few studies consider other quality aspects of zooplankton-produced DOM (but see e.g. Hasegawa et al. 2001) , despite its potential importance in nutrient-limited systems.
P limitation is common in both limnetic and marine environments, including oligotrophic parts of the Mediterranean (Zohary & Robarts 1998) and the North Pacific (Björkman & Karl 2003) , as well as the Bothnian Bay (Kuparinen et al. 1996) . In such environments zooplankton may be considered nutrient sinks (Pertola et al. 2002) , while smaller phytoplankton and protist prey represent potential sources of P that may become available to bacterioplankton through sloppy feeding by zooplankters. Thus, by releasing readily accessible DOM, including dissolved organic phosphorus (DOP), zooplankters effectively contribute to the microbial regeneration of nutrients. Because dissolved DNA (D-DNA) contains a large amount of P (~10% weight per weight), it may contribute substantially to the DOP pool. For example, D-DNA accounts for ~7% of the DOP in Tampa Bay (Paul et al. 1988) . In seawater, D-DNA is typically available at concentrations of ~0.2 to 19 μg l -1 (DeFlaun et al. 1987) and plays a significant part in the overall turnover of P (Paul et al. 1988 ). D-DNA dynamics are driven by primary production (Paul et al. 1988 , Siuda et al. 1998 ), but are also linked to food web interactions such as flagellate and ciliate grazing (Turk et al. 1992 , Alonso et al. 2000 and viral lysis (Brum 2005) . Similarly, grazing of larger zooplankters may add to D-DNA dynamics. D-DNA has rapid turnover rates, especially in eutrophic marine systems (<1 d; Paul et al. 1987 ) and may supply both energy and nutrients for bacterioplankton growth. For instance, D-DNA uptake may provide up to 5-10% of bacterial C and N requirements (Jørgensen & Jacobsen 1996) , but may be even more important as a P source, particularly in low P environments (Turk et al. 1992) .
The Bothnian Bay represents the northern-most part of the Baltic Sea and is separated from the central Baltic Sea by a shallow sill that limits exchange of water and nutrients. During the dark winter the Bothnian Bay is ice covered for several months. From spring to autumn the large inflow of river-borne DOM, poor in P (Kuparinen et al. 1996) , provides energy and nutrients for the planktonic food web, where bacterioplankton dominate C consumption (Sandberg et al. 2004 ). However, the bacterial growth is generally P limited, especially in summer (Zweifel et al. 1995) . In the present study we experimentally examined if copepod grazing activity, known to produce bioavailable C (Møller & Nielsen 2001) , could stimulate bacterial activity in water from the P-limited Bothnian Bay by supplying bioavailable organic P. We focused on bacterial responses in growth, DNA uptake and enzymatic activity.
METHODS
Experimental setup. We monitored bacterial activity as a function of copepod grazing activities in water from the Bothnian Bay. The experiment was carried out at the Umeå Marine Sciences Centre (Hörnefors, Sweden) in June 2006, at approximate in situ light (20 h light, 4 h darkness), temperature (~9°C) and salinity (~3 ‰) conditions. The general setup is shown in Fig. 1 , and details of the various steps involved are given under separate subheadings below. The experiment consisted of 2 steps; an 'exposure' step and an 'incubation' step defined as follows (Fig. 1 ). Water inoculated with indigenous bacteria was first exposed to combinations of ±copepods, and ±phytoplankton for 1 h ('exposure'), after which copepods and phytoplankton were removed ('filtration') and the filtrate was incubated for 24 h ('incubation') ( Fig. 1 ). All equipment was acid washed prior to use.
Water collection: On the day of the experiment phytoplankton, bacteria and water for incubation were collected outside Norrbyskär, Bothnian Bay, Sweden (63°34.29' N, 19°54.50' E) at 2 to 7 m depth using 10 l Hydrobios water samplers. Water was transported to the laboratory in 25 l containers.
Preparation of exposure solutions: To detect bacterial responses in short-timescale exposures, it is necessary to use high concentrations of both copepods and phytoplankton, with low starting concentrations of bacteria (cf. Møller & Nielsen 2001) . Therefore, to obtain appropriate concentrations for the 2 phytoplankton treatments ('copepods + phytoplankton', 'phytoplankton only'), we concentrated 125 l of water 25-fold by gentle reverse-gravity filtration through a 10 μm mesh. The resulting ~5 l of phytoplankton suspension was then diluted with 0.2 μm filtered seawater (i.e. the <10 μm filtrate, which had been pressure filtered through a Whatman 0.2 μm mixed cellulose ester membrane filter (142 mm diameter, Millipore) to a total volume of 25 l. This phytoplankton concentrate was not inoculated with bacteria as it was presumed to contain a sufficient concentration. The subsequent determination of bacterial abundance revealed a mean concentration at the start of the exposure of 1.36 × 10 6 ± 4.34 × 10 4 cells ml -1 (mean ± SD, n = 4). The chlorophyll a (chl a) concentration (>10 μm) at the start of the exposure was 3.01 ± 0.31 μg l -1
. In comparison, total in situ chl a was 1.81 ± 0.15 μg l -1 . The exposure solution for the 'copepods only' and 'control' (without copepods and phytoplankton) treatments was obtained by inoculating 22.5 l of 0.2 μm filtered seawater with 2.5 l of 3 μm filtered (47 mm polycarbonate, Millipore) seawater. Bacterial abundance at the beginning of the exposure was 2.94 × 10 5 ± 4.90 × 10 3 cells ml -1 or ~10% of the ambient bacterial concentration in the Bothnian Bay.
Start values of all environmental variables were determined from the exposure solutions (Table 1) .
Copepods: Small copepods (mean length ± SD: 0.57 ± 0.099 mm, mainly Eurytemora affinis) were collected on the day of the experiment using a 90 μm WP2 net with a closed cod end, from 10 to 0 m depth. Copepods were first gently filtered onto a 200 μm submersed mesh to remove phytoplankton, and thereafter transferred to 0.2 μm filtered seawater to allow them to empty their guts for ~5 h. Fecal pellets and detritus were pipetted away under a dissecting microscope. The volume was further diluted, and the pipetting was repeated until no new fecal pellets had been produced for 1 h. Immediately prior to experiments, copepods were placed on a 50 μm mesh and submersed in 5 successive baths of 0.2 μm filtered seawater to remove bacteria. Portions of copepods were then transferred to 8 beakers, and the volume was adjusted with experimental solution to 40 ml. Copepods in each bottle were counted after the experiment. Average number of added copepods was 480, corresponding to ~218 l -1 or 240 μg C l -1 , which is similar to the copepod C concentration used by Møller & Nielsen (2001) . Copepod concentration was estimated by applying an average biomass of 1.09 μg C copepod -1 , determined from length measurements of > 900 copepods used here and a length-dry weight relationship from Burkill & Kendall (1982) for E. affinis, assuming 45% carbon content (Hansen et al. 1997) . Mean copepod concentration did not differ between the 2 treatments in which copepods were added (t-test, p = 0.17). In comparison, in situ densities of mesozooplankters were ~22 l -1 at the time of sampling.
Experiment: The experimental design consisted of 4 treatments (i.e. 'copepods + phytoplankton', 'copepods only', 'phytoplankton only' and 'control'), each with 4 replicates (Fig. 1) .
Immediately prior to the exposure, the 'exposure' solutions containing the bacteria were portioned out in 2.2 l polyethylene bottles (Nalgene). The exposure stage started (t -1 ) when copepods were added and the bottles topped and sealed, and lasted for ~1 h (Fig. 1) . The short exposure was chosen to limit effects of fecal pellet production by the copepods in the containers. To minimize between-treatment variation in exposure time, we set up and sampled 1 bottle from each treatment followed by another from each treatment and so forth. There was no difference in mean exposure time between treatments (ANOVA, p = 0.97).
At the end of the exposure, reverse-gravity filtering of the water (10 μm mesh) was performed very gently, to minimize damage to phytoplankton cells and copepods. One litre of the 10 μm filtrate from each 'exposure' bottle was further gravity filtered through a 3 μm polycarbonate filter (47 mm, Millipore) into a clean bottle. This started the 'incubation', and this time was denoted as t 0 . The filtrate was sampled every 6 h for bacterial abundance and production, and at t 0 and t 24 for DNA uptake and phosphatase activity, as well as for nutrients and D-DNA (details below). Sampling times were recorded individually for each container and variable.
Measured parameters. Nutrients: For each of nitrate/ nitrite, ammonia, ortho-phosphate and total phosphate, a 12 ml sample was GF/F filtered into a 15 ml polypropylene tube and frozen. Samples were analyzed with a Bran & Luebbe TRAACS 800 autoanalyzer and standard seawater methods.
Total organic carbon (TOC): The 12 ml samples were frozen in 15 ml polypropylene tubes and analyzed using a Shimadzu TOC-5000 high temperature catalytic oxidation instrument. Samples were acidified Brum et al. (2004) . Briefly, ~100 ml sample was 0.22 μm filtered (Milipore No. SCGV U01 RE) and divided between two 50 ml Falcon tubes. For estimating DNA recovery, Lambda DNA (Roche) was added to 1 tube (1 ng ml -1 , final). Thereafter, 1 M autoclaved tetrasodium salt was added (100 mM, final) to both tubes, which were then stored at 4°C. Within 10 d, DNA in triplicate 13 ml aliquots from each tube was concentrated and washed with TE (10 mM Tris, 1 mM EDTA, pH 8) in Centricon Plus-20 filter units (Milipore No. UFC2 LGC). DNA concentration was measured in triplicate samples from each concentrate using SYBR Green I (Molecular Probes) and a FLUOstar plate reader (BMG). The detection limit was 0.05 ng DNA ml -1 seawater. Standard curves (Lambda Roche) were always linear (R 2 > 0.99). Final DNA concentrations were corrected for recovery, which ranged from 77 to 100%.
Bacterial abundance: Samples were fixed with a paraformaldehyde-glutaraldehyde mix (1 and 0.05%, final), frozen in liquid nitrogen and stored at -80°C. Bacteria were stained with SYTO 13 (Molecular Probes) and counted on a FACSCalibur flow cytometer (Becton Dickinson; Gasol & del Giorgio 2000) using fluorescent beads (True counts, Becton Dickinson) as standards.
Bacterial production: Bacterial production was measured by [ 3 H]-thymidine incorporation (Fuhrman & Azam 1982) as modified for microcentrifugation by Smith & Azam (1992) . Triplicate 1.7 ml aliquots were incubated with [methyl-3 H]-thymidine (25 nM, final, Amersham) in sterile 2.0 ml capacity polypropylene tubes for ca. 1 h at in situ temperature. Samples with 5% trichloracetic acid added prior to the addition of isotope served as blanks. Thymidine incorporation was converted to carbon production using 1.4 × 10 18 cells mol -1 thymidine incorporated (average calculated from published Baltic Sea data, SE = 0.1 × 10 18 cells mol -1 thymidine, n = 73; Helcom guidelines, www.helcom.fi/ groups/monas/CombineManual/AnnexesC/en_GB/an nex11/) and a carbon to cell ratio of 20 fg C bacterium -1 (Lee & Fuhrman 1987) . Alkaline phosphatase (AP) activity: Triplicate 4 ml samples were incubated with the fluorogenic substrate methylumbelliferyl [MUF]-phosphate (Sigma) to determine potential ectoenzymatic alkaline phosphatase activity. Hydrolysis, seen as generation of fluorescence, was measured with a Turner TD-700 fluorometer using heat-killed samples as controls. The fluorometer was calibrated with standard solutions of MUF (Sigma), and potential activities at 100 μM substrate concentration were measured. DNA uptake: Lambda DNA (1 μg, Roche) was labeled using 32 P-cytidine and a nick translation kit (N5000) following the manufacturer's instructions (GE Healthcare). The product had a specific activity of 2.5 × 10 8 cpm μg DNA -1 and, according to the manufacturer, a length > 500 bp. Labeled DNA was added to triplicate 1 ml samples and 2 control samples in 2 ml Eppendorf tubes (3 ng DNA ml -1 , final). Control samples were cooled in ice water prior to the addition of labeled DNA. Samples were incubated at in situ temperature ±1°C for ~4 h, while controls were incubated in ice water. Incubation was terminated by filtration onto 0.2 μm mixed cellulose ester filters (Advantec). These were then thoroughly washed with ice-cold 0.9% NaCl, dissolved in 1 ml ethyl acetate, and radio assayed after adding 9 ml Ultima Gold liquid scintillation cocktail (Perkin Elmer).
Data treatment and statistics. Cell-specific activity rates at t 0 and t 24 were obtained by dividing the measured community response (i.e. activity per volume) with the cell concentration for each individual bottle at t 0 and t 24 . Statistical analyses were conducted in SPSS 14.0 or in R. Because the setup required the use of 2 different exposure solutions (i.e. ±phytoplankton) (cf. Fig. 1 ), most variables differed systematically between treatments at the beginning of the incubation (i.e. at t 0 ) ( Table 1) . To obtain comparable data for the 4 treatments, we therefore calculated, for each variable and individual bottle, the difference during the incubation normalized to the start concentration (i.e. [x t24 -x t 0 ]͞xt 0 ) before further statistical analysis. Unless otherwise noted, data were analyzed with a 1-way ANOVA, with treatment as a fix factor, after testing for homoscedasity with Levene's test. Subsequent to significant ANOVAs, any differences between treatments were detected with LSD (least significant differences) post hoc tests.
While exposure time did not differ between treatments (see 'Methods -Experimental setup'), the within-treatment variation in exposure time may be reflected in larger variations in measured parameters, especially in the 'copepods + phytoplankton' treatment (cf. Figs. 5 & 6) . When the equal variance assumptions of ANOVA were not fulfilled, non-parametric methods were used to test for a general treatment effect. Additional Spearman's ranked correlation analyses (1-tailed) using all bottles (i.e. n = 16, or n = 8 for DNA uptake) were conducted to further test observed similarities between activity measures and/or environmental variables. In addition, multivariate methods were used to analyze the treatment effects on cell-specific AP activity and growth in junction. We applied Hotelling's T-squared test with a pooled variancecovariance matrix to test for differences between treatments. The p-values were adjusted with Holm's method for multiple comparisons.
We restricted our quantitative analysis to the actual incubation data, where only particles < 3 μm are present (i.e. t 0 to t 24 ). The inclusion of a copepods-only treatment enabled the differentiation of feeding-related activities (in the 'copepods + phytoplankton' treatment) and other activities (in the 'copepods only' treatment), as copepods do not feed in absence of sufficiently large food (Berggreen et al. 1988) .
RESULTS
The following results are divided into measures of alterations in the environment due to the experimental treatment and measures of bacterial activity responses due to those environmental alterations.
Alteration of bacterial growth environment
Concentrations of nutrients and D-DNA are shown in Fig. 2 . The most notable changes during the incubation (t 0 to t 24 ) were the net decreases in PO 4 -P and Tot-P in all of the treatments (Fig. 3A) . This suggests that net releases of P compounds from copepods and phytoplankton are masked by a high bacterial uptake of P (see below). The relative net decrease in PO 4 -P and Tot-P was affected by treatment, with the strongest decrease in the 'copepods + phytoplankton' treatment, which differed significantly from the other treatments, including the 'phytoplankton only' treatment for both PO 4 -P and Tot-P (Fig. 3A) . This treatment also showed the largest bacterial activity and DNA uptake (see 'Bacterial abundance and activity' below). NH 4 concentrations responded similarly, although the treatment effect was not quite significant (Kruskal-Wallis, p = 0.057) (Fig. 3A) . However, the change in NH 4 was correlated with the changes in PO 4 -P, Tot-P and D-DNA (Table 2 ).
During incubation, the level of D-DNA decreased significantly more in the 'copepods + phytoplankton' treatment than in the 'phytoplankton only' treatment and other treatments (Fig. 3B,C) . Apparently, any released DNA was rapidly used (cf. DNA uptake), especially in the 'copepods + phytoplankton' treatment. The pattern observed for D-DNA fits well with the general picture of highest change in bacterial activity measures in the treatments with 'copepods + phytoplankton', and the lowest in the 'control' treatment (see Figs. 5 & 6) .
Bacterial abundance and activity
Bacterial abundance generally increased by < 40% between the start and stop of the incubations, while there were no significant effects of treatments (Fig. 4) . The effects on microbial activity (Figs. 5 & 6) were thus not reflected in bacterial abundance when measured at our time scale and temperature. Activities are reported as per unit volume and cell-specific values.
Treatment had a significant effect on bacterial production, which generally increased with time in all treatments, and most so in the 'copepods + phytoplankton' treatment (Fig. 5A) . Treatment also had a significant effect on cell-specific bacterial production (Fig. 6A) . Specific bacterial production increased most (0.450) in the 'copepods + phytoplankton' treatment, less in the 'phytoplankton only' treatment and only slightly in the others (Fig. 6A) .
Relative AP activity also differed between treatments (Fig. 5C ). It increased most in the 'copepods + phytoplankton' treatment, followed by the 'phytoplankton only' treatment, while it decreased in the 'copepods only' and 'control' treatments. Cell-specific AP activity was also affected by treatment, and decreased significantly less in the 'copepods + phytoplankton' treatment than in the other treatments (Fig. 6C) .
Due to the sensitivity limits of our assay, at t 0 , DNA uptake was only measurable in the treatments where Treatment had a significant effect on bacterial production (Kruskal-Wallis, p = 0.04) and AP activity (ANOVA, p = 0.001), while it was not significant for DNA uptake rate (t-test, non-equal variance, p = 0.196). *Significant differences (p < 0.05) indicated by post hoc LSD tests. Types of shading denote treatments in all panels phytoplankton was offered (Fig. 5F ). Therefore, comparisons are only possible between the 'copepods + phytoplankton' and 'phytoplankton only' treatments (Figs. 5E & 6E) . Because of the non-equal variances between treatments, the apparently greater changes in DNA uptake rates in the 'copepods + phytoplankton' treatment were not significantly different from those in the 'phytoplankton only' treatment, for either per volume or cell-specific DNA uptake rates (Figs. 5E & 6E) . The higher variance in the 'copepods + phytoplankton' treatment was partly explained by lower uptake at t 0 in some of these bottles (Figs. 5E,F & 6E,F) . However, because the increase was computed for individual bottles prior to averaging, this does not challenge the overall pattern. Additional correlation analyses indicated that the different bacterial activity measures responded similarly to the treatments. Changes in DNA uptake were positively correlated to changes in AP activity (Table 2) . Similarly, AP activity was correlated to production (Table 2) . A scatter plot of the relative changes in cell-specific AP activity versus production (not shown, data in Fig. 6 ) revealed that the points for 'copepods + phytoplankton' are well separated from the others by a straight line. Therefore, a multivariate test (Hotelling's T-squared test) is appropriate to discriminate between the treatments, while considering both AP activity and production in junction. Because the patterns of points were very similar within all treatments, we were able to use all treatments in estimating the variance-covariance matrix, and thereby strengthen the conclusion. This analysis broadcasts the effect of copepod grazing on bacterial activities as indicated by the significant differences between the 'copepods + phytoplankton' and 'phytoplankton only' treatments (T2 = 14.28, p = 0.0061, Holm's corrected p = 0.024).
Changes in background parameters were also correlated with activities and with each other. For example, changes in D-DNA were negatively correlated with changes in AP activity, and changes in PO 4 -P and NH 4 were both correlated with cell-specific AP activity changes (Table 2) .
In summary, the consistent patterns in bacterial activity measures in the different treatments (Figs. 5 & 6) suggest that copepod feeding activity stimulates bacterial activity measured as AP activity, DNA uptake and production. leads to increased AP activity, production and uptake of D-DNA by bacteria (Figs. 5 & 6) . Particularly, in P-limited systems like the Bothnian Bay, microbial utilization of DOP released by zooplankton sloppy feeding may represent an important pathway in pelagic P dynamics.
DISCUSSION

P and bacterial activities
Along with endo-and exonucleases and 5'-nucleotidase, AP activity liberates orthophosphate from DNA molecules (Siuda et al. 1998) . Both bacterio-and phytoplankton produce AP enzyme (Ammerman & Azam 1985) . AP activity is repressed by inorganic P (Perry 1972) , and it is usually highest in P-depleted environments (Chróst 1991) . In our P-limited system, copepod grazing stimulated bacterial production and total AP activity (Fig. 5) , while cell-specific AP activity decreased during the experiment (Fig. 6) . We speculate that the generation of accessible C, when compared to the background non-accessible riverine C, and D-DNA triggered overall bacterial activity, while the per cell synthesis of AP was gradually repressed by increasing intracellular levels of P (Chróst 1991) . Also, levels of available P decreased during the experiment, suggesting that P was readily taken up by the bacteria (Fig. 3) .
AP activity, that is the cleavage of an artificial substrate, provides no information about bacterial uptake of cleavage products. To roughly estimate if uptake of organic P was quantitatively important for bacterial growth, we measured bacterial uptake of radio-labeled DNA directly. DNA uptake increased ~3-fold during the 24 h duration of the incubation in the treatment with zooplankton grazing to a final level of ~3.6 μg DNA l -1 d -1 (Figs. 5E, F & 6E, F) . This level is within the range in enclosures in a nutrient-rich fjord, as measured by Jørgensen & Jacobsen (1996) H-labeled PCR products).
Turnover of D-DNA
The turnover time of D-DNA was estimated to approximately 6 to 40 h (calculated as D-DNA concentration divided by bacterial uptake assuming steadystate conditions). This is shorter than in one nutrientrich estuary (47 ± 68 h; Jørgensen & Jacobsen 1996), but not shorter than in another eutrophic estuary (6.5 h; Paul et al. 1987) or in nutrient-rich and -poor limnetic systems (~10 h; Paul et al. 1989) . The short turnover time pinpoints DNA as a high-quality resource capable of supporting microbial metabolism (Paul et al. 1987 ).
Hydrolysis and uptake of D-DNA is higher in P-limited systems (the northern Baltic Sea and the Adriatic Sea) than in non-P-limited waters (Turk et al. 1992) and may therefore contribute relatively more to the bacterial P demand. For instance, DNA uptake covered 17 to 46% of the bacterial P demand in nonsupplemented estuarine water, while the addition of P reduced this to 2-9% (Jørgensen & Jacobsen 1996) . To estimate the contribution of DNA bound P to the bacterial P demand in our system, we divided bacterial production rates (assuming a C:P ratio of 37:1; Tezuka 1990) with the DNA uptake rate (assuming that DNA contains 9.7% P; Brum 2005). This crude calculation suggests that DNA uptake accounted for the bacterial P requirement at t 0 and exceeded this 2.5-fold at t 24 . These values are higher than those of Jørgensen & Jacobsen (1996, see above, this subsection) . Other comparative data from natural systems are scarce. However, it has been shown that the intracellular P content per dry weight of cultivated marine bacteria may vary up to 3-fold (Sudo et al. 1997) . Our DNA uptake measurements suggest a luxury consumption of P that generated a changed cell stoichiometry without a corresponding change in cell abundance. Storage of inorganic polyphosphate (poly-P), a linear polymer of orthophosphate residues, is common in bacteria (e.g. Kornberg 1995 , Sudo et al. 1997 ) and phytoplankton (Selig et al. 2002) and may act as an intracellular reservoir of energy and phosphate. Such storage may serve as a buffer against stress and ensure a stable level of inorganic P when hydrolyzed by intracellular exopolyphosphatases (Kornberg 1995) . We speculate that the bacteria in our experiment, through P luxury consumption, generated poly-P, which may then have been utilized during subsequent periods of nutritional stress (low inorganic P conditions), similar to observations in phytoplankton (Selig et al. 2002) .
The contribution of DNA uptake to the bacterial P demand may be at the higher end. Firstly, our estimate of bacterial production could be low due to conversion factors (Bjørnsen & Riemann 1988 ) and the inability of some bacterial species to take up thymidine (Delille 2000) . Secondly, the tracer used here (nick-translated lambda DNA) may be unrepresentative of natural D-DNA, and DNA uptake rate might therefore be overestimated. Jørgensen & Jacobsen (1996) found that small DNA pieces (100 bp) were taken up much faster than larger pieces (250 to 569 bp). They suggested that uptake of larger pieces requires activation of an enzyme apparatus (Jørgensen & Jacobsen 1996) , which could explain their findings of quite similar uptake rates of 250 and 569 bp fragments. Both the fragments used here (> 500 bp) and natural D-DNA in oligotrophic environments (0.24 to 14.27 kb; DeFlaun et al. 1987 ) presumably require specific transport sys-tems or extracellular nucleases. We therefore do not believe that the potential overestimate is significant; still, this potential bias should be kept in mind.
DOC and DOP release during sloppy feeding
The nature of DOP release in comparison with DOC release during sloppy feeding is not known, but expectedly differs somewhat for several reasons. Firstly, stoichiometry varies between cell parts, and these may be differently released during sloppy feeding. Secondly, the nucleic acid content per cell volume is not constant, such that the DOP:DOC ratio differs for matter released from differently sized cells (Shuter et al. 1983) . Nevertheless, as a first proxy, one may expect that release of DOP during sloppy feeding depends on some of the same factors as release of DOC, e.g. prey size, predator size and feeding strategy.
Møller (2007) quantified the fraction of the cleared food, which is lost as DOC (Q) through sloppy feeding as a function of predator to prey size ratios for 3 small copepod species and arrived at the general equation:
for copepod-prey size ratios >3 and <33, where ESD is the equivalent spherical diameter (mm). This estimate is conservative compared to previous ones (e.g. Roy et al. 1989 , Møller & Nielsen 2001 , Møller 2005 . Although the fitted model ignores potential differences in DOM release due to, for example, prey shape, it still represents a useful proxy of sloppy feeding. Inserting an ESD copepod of 380 μm (for the average copepod used in our experiments, calculated as in Hansen et al. 1997) implies that prey need to exceed 9.2 μm for a contribution through sloppy feeding. In our experiments, the minimum prey size was 10 μm (see 'Methods'), and chain-forming diatoms (e.g.Thalassiossira baltica, Chaetoceros wighamii, Skeletonema costatum) of varying size dominated at the time of water collection (the Swedish Marine Monitoring Program, Swedish Environmental Protection Agency). For example, the common diatom T. baltica (30 to 70 μm) yields a Q of 25 to 32%. In the Bothnian Bay, large diatoms normally dominate the spring bloom, phytoplankton >10 μm dominate during early summer, while smaller nanoflagellates dominate the autumn peak (Kuparinen et al. 1996) .
Despite the potential differences between DOC and DOP release during sloppy feeding, the crude calculations suggest that the role of zooplankton as P generators shifts with seasonal changes in phytoplankton and zooplankton community composition and abundance, being most important in spring and summer. Our study was not designed to estimate the rates of release per se (e.g. concentrations of copepods and phytoplankton, respectively, were about 10-and 2-fold higher than in situ), but rather to test for potential effects of sloppy feeding on P-related bacterial activities. Additional studies are required to quantify the rates of P generation by feeding zooplankters as a function of e.g. different size types and concentrations of prey, as well as to elucidate the relative importance of sloppy feeding as a P source in this and other P-limited systems.
Conclusions
Despite the limitations of our dataset, and although reservations apply when extrapolating experiments to nature, our findings of elevated microbial growth, phosphatase activity and luxury consumption of P in response to copepod grazing are noteworthy. We speculate that during times of elevated copepod grazing, bacterioplankton in the P-limited Bothnian Bay store P as intracellular poly-phosphate. This may then be gradually translated into biomass, prolong subsequent bacterioplankton growth, and extend utilization of DOM low in P content, such as the riverine DOM (Kuparinen et al. 1996) , which is particularly prominent in this northern Baltic region. 
